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ABSTRACT: The contributions of enzyme-substrate hydrogen-binding interactions to catalysis by two
different families of xylanases were evaluated through kinetic studies with two representative wild-type
enzymes,Cellulomonas fimixylanase (Cex) andBacillus circulansxylanase (Bcx), on a series of
monodeoxygenated and monodeoxyfluorinatedp-nitrophenyl xylobioside substrates. Effects of substitution
in the distal (-2 subsite) sugar onkcat/Km for Cex were moderately large (up to 2.9 kcal mol-1), with no
effect seen onkcat. By contrast, substantial effects upon bothkcat and kcat/Km were seen for substrates
modified in the proximal (-1 subsite) sugar. Very similar results were obtained with Bcx. Kinetic analyses
with a series of eight mutants of Cex in which active site residues interacting with the substrate were
mutated yielded complementary insights. Again, interactions with the distal (-2) sugar were seen to
contribute substantially tokcat/Km (up to 3.7 kcal mol-1), thus to the formation of the glycosyl-enzyme
intermediate, but not tokcat, thus to the hydrolysis of the glycosyl-enzyme. Interactions with the proximal
(-1) sugar are much more significant, contributing up to 6.7 kcal mol-1 to bothkcat/Km andkcat. These
results together indicate that interactions with the distal sugar maintain similar magnitudes in the transition
states for glycosylation and deglycosylation as well as in the glycosyl-enzyme intermediate and can be
referred to as “uniform binding interactions” in the parlance of Albery and Knowles (Albery, W. J., and
Knowles, J. R. (1976)Biochemistry 15, 5631-5640). Interactions with the proximal sugar are considerably
stronger at the deglycosylation transition state than in the intermediate, and fall into the category of
differential binding interactions. This behavior likely has its origins in the changes in ring conformation
of the proximal sugar but not of the distal sugar between the ground state and the reaction transition state.
Correlation of these individual interaction energies with the hydrogen-bonding pattern seen in the glycosyl-
enzyme intermediate allows for the assignment of hydrogen-bond strengths to each interaction, with good
correlation between the two approaches. These findings are relevant to the discussion of remote binding
effects upon enzymatic catalysis.

Enzymes owe a large part of their catalytic prowess to
the formation of specific hydrogen bonds with their substrates
both in the ground state (Michaelis) complex and most
importantly at their transition states. Transient interactions
of this kind, which are expressed at the transition states, serve
to lower the activation barrier for reaction by stabilizing the
transition states, as was clearly elucidated by Jencks, who
termed this phenomenon the Circe effect (42). An under-
standing of the magnitudes, distributions and polarities of
these individual hydrogen bonds at the reaction transition
state is thus of particular importance to understanding
enzymatic catalysis and specificity. An additional long-
standing, but frequently recurring, question is how enzyme-
substrate binding interactions that are remote from the active
site can significantly contribute to catalysis. Glycosidases

are particularly convenient enzymes with which to explore
the roles of such hydrogen-bonding interactions because their
substrates are highly hydroxylated and thus necessarily
engage in multiple hydrogen-bonding interactions. The
substrates are also relatively conformationally stable because
of their cyclic nature, and the enzymes are themselves well
characterized, with three-dimensional structures of repre-
sentatives of more than 60 families now being available (2).

Two principal methods have been employed to evaluate
contributions of individual hydrogen bonds to catalysis by
glycosidases and related enzymes. One approach involves
the synthesis of a series of substrate analogues in which each
hydroxyl group is individually replaced by either a hydrogen
or fluorine atom, followed by measurement of the kinetic
parameters for reaction of each of these substrates with the
wild-type enzyme. This provides a measure of the contribu-
tion of the set of H-bonds to the hydroxyl group to transition
state stabilization. The other approach involves the generation
of a series of mutant enzymes in which the active site
residues that form these interactions are mutated, followed
by measurement of the kinetic parameters of each mutant
with the fully hydroxylated substrate (parent substrate). This
provides a measure of the total contribution ofall interactions
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with that side chain to catalysis. These approaches have been
applied to a number of different glycosyl-transferring
enzymes, including theâ-glucosidases fromAspergillus
wentii (3) and Agrobacteriumsp. (4), Aspergillus niger
glucoamylase (5, 6), Escherichia coliâ-galactosidase (7),
rabbit muscle glycogen phosphorylase (8-10), andSchizo-
phyllum communetrehalose phosphorylase (11). These
enzymes are all exo-glycosyl transferases that transfer a
single sugar residue. Of these, only the study with the
Agrobacteriumsp.â-glucosidase evaluated the contributions
of hydrogen binding at each step in catalysis through a
combination of steady-state and pre-steady-state kinetic
studies.

One of the complications of using deoxygenated and
deoxyfluorinated substrates for such an analysis arises from
the inductive effects of substituents with vastly different
electronegativities and their corresponding effects on the
positively charged oxocarbenium ion-like reaction center
(12). The consequences of these inductive effects are
superimposed on the consequences of removal of specific
hydrogen bonds; thus, the two effects can be difficult to
deconvolute (3, 7, 9, 13). However, by an analysis of only
kinetic parameters from deoxygenated substrates (where
inductive effects will inherently accelerate the reaction), at
least aminimal estimate of the contributions of hydrogen-
bonding interactions at each position can be obtained.

From the study of endo-glycosidases (or exo-glycosidases
in which cleavage occurs at least two sugar residues from
the chain terminus), it should be possible to evaluate the
contributions of hydrogen-binding interactions with the
hydroxyl groups on more remote parts of the substrate. This
will provide valuable insight into whether and how such
interactions help contribute to catalysis, given their remote-
ness from the reaction center. Such a system has the
additional advantage that the interpretation of data from
deoxygenated or deoxyfluorinated substrates will not be
confused by superimposed inductive effects on the oxocar-
benium ion-like transition state, the latter being too far
removed to have any significant influence. No such study
has, to our knowledge, been performed. The only related
study of which we are aware is one onBacillus 1,3-1,4-D-
glucan-4-glucanohydrolase (14) in which mutagenesis was

used to probe presumed hydrogen-bonding interactions in a
modeled complex. Once an actual structure of a product
complex had been determined, further analysis was per-
formed (15).

The two xylanases fromCellulomonas fimi(Cex1, Family
10) andBacillus circulans(Bcx, Family 11) provide ideal
systems for such a study. Both are retaining enzymes that
follow a two-step, double displacement mechanism involving
a covalent glycosyl-enzyme intermediate that is formed and
hydrolyzed via oxocarbenium ion-like transition states with
acid/base catalytic assistance (16). Both enzymes have been
characterized structurally by both X-ray crystallography (17-
25) and NMR (26-29). Extensive kinetic analyses have been
performed on the wild-type versions of both enzymes (19,
30-32) as well as on mutants in which key catalytic residues
have been replaced (33-37). In this study, we describe the
synthesis of a series of deoxy and deoxyfluoro analogues of
the substratep-nitrophenylâ-xylobioside (Figure 1) and the
kinetic analysis of their reaction with both Cex and Bcx.
Furthermore, we describe the generation of eight mutants
of Cex in which active-site side chains that interact with the
substrate have been mutated and describe the kinetic analysis
of the reaction of these mutants withp-nitrophenylâ-xylo-
bioside. These results provide new insights into the role of
hydrogen binding in catalysis by these two xylanases, in
particular, as well as, more generally, into the molecular basis
for remote binding effects upon catalysis.

EXPERIMENTAL PROCEDURES

General Methods.Growth media components were ob-
tained from Sigma. Plasmid-containing strains were grown

1 Abbreviations: Cex,Cellulomonas fimixylanase; Bcx,Bacillus
circulansxylanase; IPTG, isopropylâ-D-thiogalactoside; BSA, bovine
serum albumin; DAST, diethyl amino sulfur trifluoride; PNPX2,
p-nitrophenyl â-xylobioside; 3F-PNPX2, p-nitrophenyl 3-deoxy-3-
fluoro-â-xylobioside; 2′H-PNPX2, p-nitrophenyl 2′-deoxy-â-xylobio-
side; 2′F-PNPX2, p-nitrophenyl 2′-deoxy-2′-fluoro-â-xylobioside; 3′H-
PNPX2, p-nitrophenyl 3′-deoxy-â-xylobioside; 3′F-PNPX2, p-nitrophenyl
3′-deoxy-3′-fluoro-â-xylobioside; 4′H-PNPX2, p-nitrophenyl 4′-deoxy-
â-xylobioside; 4′F-PNPX2, p-nitrophenyl 4′-deoxy-4′-fluoro-â-xylo-
bioside; 2F-DNPC, 2,4-dinitrophenyl 2-deoxy-2-fluoro-â-cellobioside;
DNPC, 2,4-dinitrophenylâ-cellobioside.

FIGURE 1: Structures of substrates synthesized and subjected to kinetic analysis as substrates for Cex and Bcx.
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in Luria Broth containing 100µg/mL ampicillin or 50µg/
mL kanamycin.Pwo DNA polymerase (originally isolated
form the thermophilic archaebacteriumPyrococcus woesei)
and deoxynucleoside triphosphates were obtained from
Roche.PfuDNA polymerase (derived from the thermophilic
archaebacteriumPyrococcus furiosus) was from Promega.
Restriction endonucleases and T4 DNA ligase were from
New England BioLabs unless otherwise indicated.Escheri-
chia coli One Shot TOP10 competent cells (F- mcrA ∆-
(mrr-hsdRMS-mcrBC) φ80lacZ∆M15 ∆lacX74 deoR recA1
araD139∆(ara-leu)7697galU galK rpsL endA1 nupG) and
the Zero Blunt PCR Cloning Kit were from Invitrogen. The
QuikChange Site-Directed Mutagenesis Kit and Epicurian
Coli XL1-Blue electroporation-competent cells (recA1 en-
dA1 gyrA96 thi-1 hsdR17 supE44 relA1 lac [F′ proAB
lacIqZ∆M15 Tn10 (Tetr)]) were from Stratagene. PCR DNA
fragment purification and plasmid purification kits were from
Qiagen or Promega.

Synthesis of oligonucleotide primers and DNA sequencing
were performed by the Nucleic Acids and Peptide Services
(NAPS) Unit at the University of British Columbia (Van-
couver, Canada). Syntheses of thep-nitrophenyl deoxy- and
deoxyfluoro-â-xylobiosides, along with full characterizations,
are provided as Supporting Information.

Generation of Mutants.The genes encoding forcexH80A,
H80N, H80Q, K47A, N44A, and E43A were linearly
amplified following the protocol outlined in Stratagene’s
QuikChange Site-Directed Mutagenesis Kit.

The reaction mixture contained 150 ng of oligonucleotide
primers, 250µM each of the four deoxynucleoside triphos-
phates, and 50 ng of plasmid pUC12-1.1cex(PTIS) in 50µL
of Pfu DNA polymerase reaction buffer containing 8%
DMSO. Plasmid pUC12-1.1cex(PTIS) contains the 1.4 kb
cexgene (38). The reaction was initiated by adding 4 U of
Pfu DNA polymerase (Promega). After heating the reaction
mixture to 95°C for 30 s, 16 cycles (30 s at 95°C, 1 min
at 55°C, and 9 min at 68°C) were performed in a thermal
cycler (GeneAmp PCR System 2400, Perkin-Elmer). Agarose
gel electrophoresis confirmed the presence of sufficient
amplification product. The parental supercoiled dsDNA was
digested with 20 U ofDpn I restriction enzyme at 37°C for
1 h. Epicurian Coli XL1-Blue electroporation-competent cells
(Stratagene) were subsequently transformed with 1µL of
theDpn I treated DNA from the amplification reaction using
the BioRad GenePulser II and 0.1 cm cuvettes under the
following conditions: 1.8 kV, 25µF, and 200Ω. The cells
were plated on LB agar plates containing 100µg/mL
ampicillin and incubated at 37°C overnight. Single colonies
were selected and grown overnight in LB media containing
100µg/mL ampicillin. Plasmid DNA was isolated using the
QIAprep Spin Miniprep Kit from Qiagen or the WizardPlus
Minipreps DNA Purification System from Promega. Plasmid
DNA was stored in water at-20 °C. Restriction endonu-
clease mapping revealed positive clones, which were sub-
sequently sequenced to verify the correct mutations. The
cloned products were subsequently transformed into elec-
trocompetentE. coli JM101 cells using the BioRad GenePuls-
er II and 0.2 cm cuvettes under the following conditions:
2.5 kV, 25 µF, and 400Ω. Cells were selected by the
ampicillin resistance conferred by pUC12-1.1 on LBampagar
plates. Single colonies were selected and grown overnight
in LBamp for long-term storage in 10% DMSO at-70 °C.

The E. coli JM101 transformants from the previously
prepared DMSO stocks were selected on LBamp

(100 µg/mL) agar plates. A single colony was picked and
grown for 6 h in 3 mL of LBamp, and this culture was
subsequently used to inoculate 1 L of TYPamp. After the
culture grew to an OD600 of 2-3 at 30-37 °C, 0.2 mM
isopropylâ-D-thiogalactoside (IPTG) was added to induce
protein expression and grown for an additional 4 h at 25
°C. Overexpression of the enzyme was monitored by
sampling of both induced and non-induced cells using SDS-
polyacrylamide gel electrophoresis. Induced cells were then
harvested by centrifugation at 5000 rpm for 20 min at 4°C.
A cell extract was prepared using BugBuster Protein Extrac-
tion Reagent (Novagen). The cell pellet from a 1 L culture
was resuspended in 50 mL of BugBuster reagent at room
temperature and 50µL of Benzonase (Novagen). (Benzonase
is a genetically engineered endonuclease fromSerratia
marcescens.) EDTA was added to 0.5 mM and PMSF to
1.0 mM. The mixture was incubated with shaking for 10-
20 min. Following removal of the insoluble cell debris by
centrifugation at 16,000g for 20 min at 4°C, the soluble
cell extract was added to 450 mL of 500 mM NaCl in 50
mM sodium phosphate buffer (pH 7.0). EDTA and PMSF
were added to 0.5 mM.

Protein Purification and Characterization.Cex and the
mutants of Cex were purified from the clarified cell extract
by affinity chromatography on cellulose. Approximately
25 g of CF1 cellulose (Sigma) was gently stirred with
distilled water, allowed to settle, and the cellofines were
decanted. The cellulose was packed into an XK50/20 column
(Pharmacia), yielding a column volume of approximately 150
mL. The column was attached to an FPLC system (Phar-
macia) and equilibrated with 5 column volumes of 500 mM
NaCl in 50 mM sodium phosphate buffer (pH 7.0) at a flow
rate of 5 mL/min. The soluble cell extract from the 1 L cell
culture was applied to the column at a flow rate of 5 mL/
min. The column was washed with 2 column volumes of
500 mM NaCl in 50 mM sodium phosphate buffer (pH 7.0)
followed by 1 column volume of 50 mM sodium phosphate
buffer (pH 7.0) at a flow rate of 5 mL/min. Cex protein was
eluted with 2.5 column volumes of distilled H2O at a flow
rate of 5 mL/min. The absorbance of the eluate was measured
continuously at 280 nm, and appropriate fractions were
pooled and passed through a 0.22µm filter (Millipore).

The protein sample was further purified on a 5 mLHiTrap
Mono Q HP column attached to an FPLC system (Pharma-
cia). The column was washed with 5 column volumes of
20 mM Tris-HCl buffer (pH 7.5), 5 column volumes of 20
mM Tris-HCl buffer containing 1 M NaCl (pH 7.5), and
then 10 column volumes of 20 mM Tris-HCl buffer (pH 7.5)
at a flow rate of 5 mL/min. The protein sample was adjusted
to pH 8.0 with 20 mM Tris-HCl and applied onto the HiTrap
Mono Q HP column at a flow rate of 5 mL/min. The column
was washed with 4 column volumes of 20 mM Tris-HCl
buffer (pH 7.5). Cex protein was eluted from the anion-
exchange column with a linear NaCl gradient from 0 to
500 mM in a buffer containing 20 mM Tris-HCl (pH 7.5).
Fractions (8 mL) were collected at a flow rate of 5.0 mL/
min and analyzed using SDS-polyacrylamide gel electro-
phoresis on a Mini-PROTEAN II apparatus (BioRad). Protein
bands were visualized by staining with Coomassie Blue.
Fractions containing pure enzyme were pooled and stored
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at 4°C. If necessary, the enzyme was concentrated to at least
2.0 mg/mL using a Centriprep concentrator (30 kDa cutoff)
from Amicon. Final protein concentration was calculated
from measured absorbance at 280 nm using the previously
determined extinction coefficient for Cex (ε280 ) 1.61 mL
mg-1 cm-1).

The molecular weights of purified Cex and Cex mutants
were determined by ion spray mass spectrometry. Mass
spectra were recorded on a PE-Sciex API 300 triple-
quadrupole mass spectrometer (Sciex, Thornhill, Ontario,
Canada) equipped with an ion spray ion source by Mr.
Shouming He. Enzyme samples (10µg) were injected into
the mass spectrometer to generate the spectra. The masses
of the generated mutants were confirmed by comparison
between the expected molecular weights and those provided
by the spectra.

Wild-type Bcx was purified as previously described (39).
The purified protein ran as a single band on SDS-PAGE
with greater than 95% purity by inspection. Mass spectro-
metric analysis confirmed the molecular mass of the recom-
binant xylanase and the absence of impurities.

Kinetic Analyses.Michaelis-Menten parameters for aryl
glycosides were determined by continuous measurement of
the release of thep-nitrophenolate using a Unicam UV4
spectrophotometer equipped with a temperature-controlled
circulating water bath. The buffer used for Cex was 50 mM
sodium phosphate buffer at pH 7.00, containing 0.1% w/v
bovine serum albumin (BSA) at 37°C. The kinetic studies
for Bcx were performed at 40°C in 20 mM MES at pH
6.00, containing 50 mM NaCl and 0.1% w/v BSA. Concen-
trations of aryl glycosides were confirmed by total hydrolysis
of the glycoside and by the determination of the final
concentration ofp-nitrophenolate released. Initial rates of
enzyme-catalyzed hydrolysis of aryl glycosides were deter-
mined by incubating solutions of the appropriate substrate
concentrations in 1 cm cuvettes within the spectrophotometer
until thermally equilibrated. Reactions were initiated by the
addition of enzyme, and the release ofp-nitrophenolate was
monitored at 400 nm. The concentration of enzyme added
and the length of time that the reaction was monitored in
each case were selected such that less than 10% of the total
substrate was converted to product.

Rates were measured at 8-10 different substrate concen-
trations ranging from about 0.1Km to 7 Km, where practical.
Values forKm andkcat were determined from the initial rates
of hydrolysis (V0) versus substrate concentration by nonlinear
regression analysis using the computer program GraFit 4.0
(40). In cases where significant transglycosylation was
observed, a nonlinear regression was performed on data from
concentrations of 0.1 to approximately 2 timesKm. The
values ofkcat and Km so obtained were then compared to
those determined from linear regression of the reciprocal data
as plotted according to Lineweaver-Burke. In almost all
cases, the kinetic constantsKm, Vmax, andkcat were calculated
from a fit to the Michaelis-Menten equation. For those
mutants with very highKm values, for which saturation
behavior could not be observed, an accurate value ofkcat/Km

was obtained from the slope of the Lineweaver-Burk plot,
and approximate estimates of the individual parameters were
obtained from the intercepts.

In addition, the second-order rate constants (kcat/Km) were
determined from progress curves at low substrate concentra-

tions using the substrate depletion method as follows.
Appropriate substrate at a concentration of less than 1/5Km

in the appropriate buffer containing 0.1% w/v BSA was
incubated until thermally equilibrated. Following the addition
of 10 µL enzyme, the release ofp-nitrophenolate was
monitored by following the absorbance at 400 nm until
substrate depletion was observed. The change in absorbance
with respect to time was fitted to a first-order rate equation
using the program GraFit that yielded pseudo-first-order rate
constants. At low substrate concentrations, the reaction rates
are given by the following equation:

Thus, pseudo-first-order rate constants measured cor-
respond to [E]0(kcat/Km), from whichkcat/Km is easily obtained.
The individual contribution of each substrate hydroxyl group
to transition-state stabilization with the wild-type enzyme
was determined from the relationship∆∆Gq )
-RT ln((kcat/Km)x/(kcat/Km)y), wherex represents a substrate
analogue or mutant enzyme andy the parent substrate or
wild-type enzyme.

RESULTS

Syntheses of the complete set of deoxy and deoxyfluoro
analogues ofp-nitrophenylâ-xylobioside in which the distal
sugar was modified were achieved as follows. The protected
deoxy or deoxyfluoro xylosides were synthesized via stan-
dard synthetic routes involving DAST (diethyl amino sulfur
trifluoride) fluorinations and radical deoxygenations. These
modified sugars were converted to their corresponding
trichloroacetimidates via the hemiacetal, then coupled to
p-nitrophenyl 2,3-di-O-acetyl-â-D-xylopyranoside under
boron trifluoride etherate catalysis. Unfortunately, the only
substrates that could be prepared in which the proximal
xylose residue had been modified were the 2- and 3-fluoro
analogues, which were synthesized essentially as described
previously (31, 41). All attempts to synthesize the
p-nitrophenyl 3-deoxy-xylobioside led to decomposition. No
attempt was made to synthesize the 2-deoxy analogue
because it would be considerably more labile again. Full
descriptions of the syntheses and characterizations are
provided as Supporting Information.

The residues of Cex to be mutated were chosen on the
basis of their active site location and their observed involve-
ment in hydrogen-bonding interactions with the substrate.
In each case, the Ala mutant was made as a common null
mutation, plus in some cases mutations that ablated the
normal function but kept some of the character of the side
chain. Mutagenesis was performed using the QuikChange
system as described in Experimental Procedures, and all
plasmids so produced were re-sequenced to ensure the
fidelity of the mutation. Full-length proteins were expressed
in, and purified from,E. coli, and each was characterized
by PAGE analysis and ESI mass spectrometry. The masses
were all consistent with the expected masses for such mutants
(Table 1). The Q87M and N126A mutants were described
earlier (21, 23).

Kinetic parameters for hydrolysis of thep-nitrophenyl
deoxy- and deoxyfluoro-â-xylobiosides by wild-type Cex are
presented in Table 2, along with the calculated increase in

V ) (kcat

Km
)[E]0[S]
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activation free energy for the glycosylation step associated
with each substitution. This∆∆Gq value was calculated from
the ratios of thekcat/Km values of the parent substrate and
the modified analogue according to the equation provided
in Experimental Procedures.

Michaelis-Menten kinetic parameters for the hydrolysis
of p-nitrophenyl xylobioside by each of the mutants of Cex
are presented in Table 3. Also presented are values of
kcat/Km independently measured using the substrate depletion
method, wherever possible. As can be seen, the agreement
between the two sets of data is excellent, confirming the
validity of this approach for these studies. Again, the change
in activation energy for the first (glycosylation) step associ-
ated with each mutation, calculated from relativekcat/Km

values, is presented.
Kinetic parameters for the hydrolysis of thep-nitrophenyl

deoxy- and deoxyfluoro-â-xylobiosides by Bcx are presented
in Table 4. Because of the highKm values exhibited by Bcx
for aryl xylobioside substrates and the scarcity and low
solubility of the modified xylobiosides, full Michaelis-
Menten kinetic parameters could not be determined. Instead,
values ofkcat/Km for each substrate were determined by the
substrate depletion method. These values are presented along
with the calculated increase in activation free energy for the
glycosylation step associated with each substitution.

DISCUSSION

As shown in Figures 2 and 3, which provide cartoons of
the active sites of Cex and Bcx in their trapped 2-deoxy-2-
fluoro-xylobiosyl-enzyme forms, recognition of the substrate
and ultimately stabilization of the transition states are in each
case achieved through a pre-organized set of networked
hydrogen-bonding interactions. It is this set of hydrogen-

bonding interactions that has been, site-selectively, compro-
mised through modifications to the substrate or to the
enzyme. Less evident in this cartoon but undoubtedly also
of considerable importance is the set of van der Waals
interactions between the nonpolar portions of the enzyme
and the substrate. These structures will provide the basis for
the subsequent discussion of the importance of hydrogen-
bonding interactions in catalysis by Cex and Bcx. The
discussion is broken down, in each case, into the importance
of the interactions with the distal sugar (non-reducing end
sugar), which occupies the-2 subsite of the enzyme, and
of interactions with the proximal sugar, which occupies the
-1 subsite.

Previous kinetic studies on Cex have confirmed that the
rate-limiting step in the reaction of Cex withp-nitrophenyl
xylobioside is the hydrolysis of the xylobiosyl-enzyme
intermediate: the deglycosylation step (21, 30). Indeed the
very lowKm value observed is consistent with this conclusion
because it indicates substantial accumulation of the glyco-

Table 1: Determination of the Molecular Weight of Cex and
Mutants by Mass Spectrometry

enzyme
observedMr

(Da)
observed∆Mr

(Da)
expected∆Mr

(Da)

native Cex 47124( 3 0 0
Cex E43A 47064( 3 60( 5 58
Cex N44A 47082( 3 42( 5 43
Cex K47A 47070( 3 54( 5 57
Cex H80A 47058( 3 66( 5 66
Cex H80N 47100( 3 24( 5 23
Cex H80Q 47114( 3 10( 5 9

Table 2: Kinetic Parameters for the Hydrolysis of Deoxy/
Deoxyfluoro Analogues by Wild-TypeC. fimi Xylanase

Michaelis-Menten kinetics

apparent
binding
energy

contribution

substrate
kcat

(s-1)
Km

(mM)
kcat/Km

(s-1 mM-1)
∆∆Gq

(kcal mol-1)

PNPX2 40 ( 2 0.017( 0.001 2300 0
2′H-PNPX2 28 ( 2 1.4( 0.1 21 2.9
2′F-PNPX2 nda nda 74 2.1
3′H-PNPX2 47 ( 2 0.42( 0.02 110 1.9
3′F-PNPX2 48 ( 2 0.024( 0.002 2000 0.1
4′H-PNPX2 32 ( 2 0.034( 0.002 930 0.6
4′F-PNPX2 31 ( 2 0.015( 0.004 2100 0
3F-PNPX2 0.006( 001 0.96( 0.04 0.006 7.9

a nd indicates that this kinetic parameter was not determined.

FIGURE 2: Scheme of protein-carbohydrate interactions in the
active site region of the 2F-xylobiosyl-Cex-cd complex observed
by 3D structural analysis (21). Hydrogen-bonding interactions
between heteroatoms are in Angstroms. The distance between 2F
and the carbonyl oxygen of Glu233 is 2.6 Å (not shown).

FIGURE 3: Scheme of protein-carbohydrate interactions in the
active site region of the 2-fluoroxylobiosyl-Bcx complex observed
by 3D structural analysis (22). Hydrogen-bonding interactions
between heteroatoms are in Angstroms.

7000 Biochemistry, Vol. 46, No. 23, 2007 Wicki et al.



syl-enzyme intermediate. Rate-limiting deglycosylation for
the mutants has also been confirmed by also measuring
kinetic parameters for the mutants with a substrate containing
an aglycone of greater leaving group ability, namely, the 2,5-
dinitrophenyl xylobioside (aglycone pKa ) 5.15 vs
p-nitrophenol pKa of 7.18). As shown in Table S1 in
Supporting Information, with the exception of the K47A
mutant, thekcat values measured in each case are essentially
the same as those measured for PNPX2, indicating that the
glycosylation step is not rate-limiting and that the deglyco-
sylation step is most likely rate-limiting. This was substanti-
ated by the biphasic nature of the Lineweaver-Burk plots
seen at higher substrate concentration, associated with the
greater rate of reaction due to transglycosylation onto a
second substrate molecule acting as acceptor. Plots of this
type have been carefully evaluated previously and shown to
arise when deglycosylation is the rate-limiting step (30). By
contrast, the parameterkcat/Km reflects the first irreversible
step, in this case the formation of the glycosyl-enzyme
intermediate. Therefore, by inspecting the effects of each
substitution on these two kinetic parameters (kcat/Km -
glycosylation;kcat - deglycosylation), we can gain insight
into the importance of the interactions at that site on each
step in catalysis.

Interactions with the Distal (-2 Subsite) Sugar.It is then
striking to note that, for those substrates modified in the distal
sugar, there is essentiallyno effect of substitution uponkcat

(Table 2). This indicates that the deglycosylation step is
insensitive to substitutions on the distal sugar ring. By
contrast, distal substitution has very significant effects upon

the glycosylation step as indicated by thekcat/Km values, with
binding energy contributions from each hydroxyl ranging up
to 2.9 kcal mol-1. Very similar effects uponkcat/Km are seen
for Bcx, with ∆∆Gq values ranging from-0.7 up to 2.9
kcal mol-1 (Table 4). Unfortunately, because of the relatively
highKm values exhibited by Bcx and the scarcity of substrate,
it was not possible to obtainkcat values and thus to probe
effects upon the deglycosylation step.

Gratifyingly, exactly the same pattern is seen in the kinetic
parameters determined for the hydrolysis of PNPX2 by the
mutants of Cex. When hydrogen bonds that are exclusively
formed with thedistal sugar are ablated (E43A; N44A; and
Q87M) thekcat values for hydrolysis of PNPX2 are essentially
unaffected (Table 3). However, the effects uponkcat/Km are
substantial, ranging from 1.0 to 3.7 kcal mol-1. Thus, again,
the hydrogen bonds formed with the distal sugar are
important for the glycosylation transition state but not for
the deglycosylation transition state.

Interactions with the Proximal (-1 Subsite) Sugar.A
different picture is seen when considering hydrogen bonds
formed with theproximalsugar. In all mutants in which side
chains interacting with the proximal sugar are modified
(K47A; H80A; H80N; H80Q; and N126A), values of both
kcat and kcat/Km drop (Table 3). The largest effect is upon
kcat/Km, with ∆∆Gq values ranging from 4.5 to 6.7 kcal mol-1.
Unfortunately, only a very limited data set is available for
xylobioside substrates in which the proximal sugar has been
modified, and as noted earlier, these data are complicated
by inductive effects upon transition state stability. However,
comparison of the data for 3F-PNPX2 with that for PNPX2

reveals that indeed bothkcat andkcat/Km are severely affected,
with the transition state for glycosylation being destabilized
by a massive 7.9 kcal mol-1, while that for deglycosylation
is destabilized by approximately 5.2 kcal mol-1. Part of this
destabilization is undoubtedly a consequence of inductive
effects, for which a crude estimate of 1.2 kcal mol-1 can be
drawn from spontaneous hydrolysis data on similarly modi-
fied glucosides (12), leaving approximately 6.7 and 4.0 kcal
mol-1 as the contributions of hydrogen bonding at this
position to the glycosylation and deglycosylation steps.
Likewise, though difficult to evaluate, enormous effects upon
kcat are seen for the substitution of the 2-hydroxyl in the
proximal ring by fluorine, this being the basis for the use of
such reagents as mechanism-based inactivators. Unfortu-
nately, data are not available to allow direct comparisons of

Table 3: Kinetic Parameters for the Hydrolysis of PNPX2 by Wild-Type and MutantC. fimi Xylanase

Michaelis-Menten kinetics

substrate
depletion
kinetics

apparent binding
energy

contribution

enzyme
kcat

(s-1)
Km

(mM)
kcat/Km

(s-1 mM-1)
kcat/Km

(s-1 mM-1)
∆∆Gq

(kcal mol-1)

native Cex 40( 2 0.017( 0.001 2300 2100( 200 0
Cex E43A 33( 2 5 ( 2 6.0 5.3( 0.5 3.7
Cex N44A 110( 5 4 ( 2 29 31( 3 2.7
Cex K47A 0.43( 0.02 10( 3 0.045 0.054( 0.005 6.7
Cex H80A 0.50( 0.03 0.59( 0.03 0.86 0.80( 0.08 4.9
Cex H80N 0.15( 0.01 0.099( 0.005 1.5 nda 4.5
Cex H80Q 0.044( 0.002 0.061( 0.003 0.72 nda 5.0
Cex Q87M 58( 3 0.12( 0.01 480 nda 1.0
Cex N126A 3.5( 0.2 8( 3 0.45 0.49( 0.05 5.3

a nd indicates that this kinetic parameter was not determined.

Table 4: Kinetic Parameters for the Hydrolysis of Deoxy/
Deoxyfluoro Analogues of PNPX2 by Wild-Type B. circulans
Xylanase

substrate
depletion kinetics

apparent
binding
energy

contribution

substrate
kcat/Km

(s-1 mM-1)
∆∆Gq

(kcal mol-1)

PNPX2 0.13( 0.01 0
2′H-PNPX2 0.0012( 0.0001 2.9
2′F-PNPX2 0.0035( 0.0004 2.2
3′H-PNPX2 0.0046( 0.0005 2.1
3′F-PNPX2 0.050( 0.005 0.6
4′H-PNPX2 0.34( 0.03 -0.6
4′F-PNPX2 0.41( 0.04 -0.7
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aryl xylobiosides with their 2-deoxy or 2-deoxy-2-fluoro
analogues. However, a comparison of theki/Ki value for
inactivation of Cex by 2,4-dinitrophenyl 2-deoxy-2-fluoro-
â-cellobioside (2F-DNPC) with thekcat/Km for 2,4-dinitro-
phenyl â-cellobioside (DNPC) yields a∆∆Gq of 5.8 kcal
mol-1 for the glycosylation step (30). Effects on the
deglycosylation step are much greater. Comparison ofkcat

for DNPC (reflecting the deglycosylation step) with the
reactivation rate constant for the 2-fluorocellobiosyl-enzyme
results in a∆∆Gq value of 11.3 kcal mol-1 (30), of which a
part is undoubtedly due to inductive effects. However, even
after correcting for this, a∆∆Gq value of approximately 9
kcal mol-1 can be conservatively estimated for the contribu-
tion of the interactions at the 2-hydroxyl.

How then can these apparent effects on the two transition
states be so different, especially in the case of interactions
with the distal sugar, when, as a reasonable first assumption,
the two transition states would be expected to be quite similar
and to recruit similar binding interactions? The answer lies
in considering the preceding ground states for each step. For
data derived fromkcat/Km values (glycosylation step), the
preceding ground state is the free enzyme/free substrate.
Consequently,∆∆Gq values derived from this parameter are
a measure of the strengths of interactions at that position in
the glycosylation transition state relative to those formed with
solvent. They are not, of course, measures of the full strength
of the hydrogen-bonding interactions because that value is
modulated by the strengths of those hydrogen bonds to water
present in the free species that have to be broken upon
complex formation, as described in detail elsewhere (8, 42-
44). By contrast, values derived fromkcat have, as their
preceding ground state, the glycosyl-enzyme intermediate.
Thus, ∆∆Gq values derived therefrom aredifferencesin
interaction energies between those formed in the intermediate
and those formed at the transition state.

The implication of this, as illustrated in Figure 4, is that
interactions formed with the distal sugar have the same
strengths not only in the two transition states but also in the
intervening glycosyl-enzyme intermediate. These interac-
tions therefore fall into the category described by Albery
and Knowles as “uniform binding interactions” (1, 45). They
form in the first Michaelis complex and are maintained with
equal strength in all the intervening states along the reaction
coordinate. Such interactions serve to improvekcat/Km, but
have no positive effect whatsoever uponkcat. By contrast,

interactions with the proximal sugar are much stronger at
the two transition states than in the intervening intermediate
and thus fall into the category of “differential binding
interactions” of Albery and Knowles (1, 45). Interactions of
this class are harder to recruit as they must become
selectively stronger at the reaction transition state than in
the ground state. They will necessarily exploit the bonding
arrangements and charge distributions present at the transition
state that differ from those in the ground state in order to
achieve this selectivity.

These observations are, in fact, nicely consistent with the
occurring chemistry because theproximal sugar undergoes
substantial conformational rearrangement along the reaction
coordinate to accommodate the planar oxocarbenium ion
center formed at the transition state, most likely via a4H3

half-chair conformation in the case of Cex, as well as in
acquiring and dispersing a partial positive charge (46).
Interactions will have therefore evolved to be optimal at this
transition state conformation. By contrast, no conformational
changes are expected at thedistal sugar; thus, differential
recognition of the transition state would be very difficult. It
therefore appears that Cex recruits both uniform binding
interactions (at the distal sugar) and differential binding
interactions (at the proximal sugar) in effecting catalysis on
oligomeric substrates.

Interestingly, some indications of this behavior had been
obtained in an earlier study of mechanisms of Cex-catalyzed
hydrolysis of aryl cellobiosides and aryl glucosides (30).
Brønsted plot analyses revealed that the rate-limiting step
for the aryl glucosides was the glycosylation step, whereas
that for the aryl cellobiosides was deglycosylation. Thus, the
addition of a glucose residue to the substrate appears to
selectively accelerate the glycosylation step, entirely con-
sistent with the reaction coordinate diagrams in Figure 4.
Further insight was obtained from the slopes of the two
Brønsted plots derived fromkcat/Km values, which reveal the
charge development on the aglycone oxygen at the glyco-
sylation transition state in each case. A slope of-1 for the
glucosidesindicated full negative charge development, while
a slope of-0.3 for thecellobiosidesrevealed less charge
development at the glycosylation transition state when both
subsites are filled. This would be consistent with a more
efficient catalytic system (less charge separation) and likely
results from either or both of a greater degree of nucleophilic
pre-association by the enzymatic nucleophile, Glu233, or a
greater extent of proton donation from the acid catalyst,
Glu127. The slightly lower alpha-deuterium kinetic isotope
effect measured for the cellobiosides is consistent with this
greater pre-association as at least one of the contributing
factors. Our current study provides a much deeper under-
standing of the origin of this effect by showing that it is
achieved through the recruitment of uniform binding interac-
tions and by dissecting the contributions of each of the
hydroxyl groups to that effect, as discussed below.

Contributions of IndiVidual Interactions to Cex Catalysis.
It is of interest to correlate the nature of the enzyme-
substrate interactions, as observed crystallographically, with
their strengths as, observed kinetically for the glycosylation
transition state in this study. The strongest interactions with
the distal sugar, 2.9 kcal mol-1, are those seen at the 2′-
position (deoxysugar data), and significantly, this is the only
exclusive interaction that the distal sugar makes with a

FIGURE 4: Reaction coordinate diagrams showing the consequences
of modifications to the (a) distal sugar and (b) proximal sugar. The
Gibbs free energy changes are shown for the wild-type enzyme
(solid curve) and the mutants (dashed curve).
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charged partner (Figure 2). This is completely consistent with
previous studies on other systems, which have suggested that
charged hydrogen bonds contribute 3 kcal mol-1 or more to
interaction energies of enzyme-ligand complexes (8, 44).
Because the 2′-hydroxyl must donate the hydrogen
bond to the carboxylate of E43, the loss of almost all the
interaction energy in the 2′-fluoro sugar case (2.1 kcal mol-1)
is also understandable because fluorine cannot donate a
hydrogen bond. It could, however, still accept a hydrogen
bond, if more weakly, from W272, hence the lower loss of
interaction energy than was the case for the 2′-deoxy sugar
(47-50).

When interaction strengths are considered on the basis of
mutants of the enzyme at that locale, the somewhat greater
loss of interaction energy (3.7 kcal mol-1) for the E43A
mutant is completely consistent with findings from the deoxy
sugars studied. Presumably, other important protein-protein
interactions (which can be equally important in transition
state stabilization) are also lost, accounting for this slightly
larger loss of stabilization energy. Hydrogen-bonding inter-
actions of 1.9 kcal mol-1 at the 3′-position, as evidenced by
the deoxy sugar data, are again quite consistent with earlier
estimates of the values of hydrogen bonds between neutral
partners being around 1.5 kcal mol-1. However, in this case,
the sugar hydroxyl is presumably acting as the hydrogen-
bond acceptor from the amide nitrogen of N44 because the
fluoro sugar exhibited essentially wild-type kinetic behavior.
This would only be possible if the fluorine accepts the
hydrogen bond. This polarity is also fully consistent with
the observation of an interaction of the carbonyl oxygen of
N44 with K47. Once again, deletion of the hydrogen bond
through mutation (N44A) results in a slightly greater loss
of interaction energy (2.7 kcal mol-1), with the additional
0.8 kcal mol-1 presumably arising from the loss of that
interaction of the amide carbonyl with the charged K47,inter
alia. No significant hydrogen-bonding interactions are seen
at the 4′-position of the distal sugar because further sugar
residues are normally appended at this site in the intact xylan
substrate. Again, consistently, the deoxy and deoxyfluoro
sugars are turned over at essentially the same rates as that
of the parent species.

The particularly important transition state hydrogen-
bonding interactions at the 3-position of the proximal sugar
inferred from kinetic parameters of the 3-deoxy-3-fluoroxy-
lobioside (6.7 and 4.0 kcal mol-1 for the glycosylation and
deglycosylation steps, respectively, after correction for
inductive effects) arise from a pair of charged hydrogen-
bonding interactions. These involve K47, recently unequivo-
cally shown to be charged by15N NMR analysis of the
trapped intermediate (28), and His80, also recently shown
by 15N NMR to be present in its charged, conjugate acid
form in the free enzyme but to lose its proton upon the
formation of the glycosyl-enzyme intermediate and accept
a hydrogen bond from the 3-hydroxyl (Schubert et al.,
submitted for publication). Again, mutation of either of these
residues is seen to have drastic effects on rates, as would be
expected when a charged hydrogen-bonding network such
as this is destroyed. Finally, removal of interactions at the
2-position of the proximal sugar either by mutation
(N126A: ∆∆Gq ) 5.3 kcal mol-1) or by fluorine substitution
(∆∆Gq ) 5.8 kcal mol-1) enormously slows the glycosyla-
tion step. Because the principal transition state interaction

at OH-2 is thought to be that with the carbonyl oxygen of
the nucleophile (E233) itself, the value determined from
N126A is only part of the story.

Contribution of IndiVidual Interactions to Bcx Catalysis.
A very similar picture emerges for Bcx when the data from
Table 4 are analyzed. In this case, the 2′-hydroxyl of the
distal sugar interacts with no less than three amino-acid
residues, none of which are charged (Figure 3). Correspond-
ingly, a 2.9 kcal mol-1 interaction is deduced from the 2′-
deoxy substrate, consistent with three neutral hydrogen
bonds, of which at least one must involve the 2′-hydroxyl
as hydrogen bond acceptor, given that the 2′-deoxy-2′-fluoro
sugar is a slightly better substrate than the corresponding
2′-deoxy sugar. Nevertheless, the deoxyfluoro sugar still loses
2.2 kcal mol-1 of interaction energy because of the loss of
the donor hydrogen bond(s) at this position and the weaken-
ing of the other interactions.

The results with the 3′-deoxy and 3′-deoxyfluoro substrates
suggest that the 3′-hydroxyl is involved primarily as an
acceptor because the deoxyfluoro sugar is almost as good a
substrate as the parent PNPX2, whereas the 3′-deoxy sugar
has lost 2.1 kcal mol-1 of interaction energy. This indicates
that Tyr166 must donate a hydrogen bond to the 3′-hydroxyl.

Finally, once again, there is no hydrogen-bonding partner
at the 4′-position because the substrate is normally extended
through this position in the natural polymer. In this case,
the 4′-modified substrates are in fact marginally better than
the 4′-hydroxy parent. This is likely due to the fact that the
4′-hydroxyl of the parent substrate cannot form hydrogen
bonds in the Michaelis complex that are as strong as those
formed with water in the free state, and thus, binding is
compromised. Such a loss of an interaction does not occur
with the 4-deoxy sugar because it did not form hydrogen
bonds at that position in the first place. Interestingly, similar
findings were obtained in studies of oligosaccharyl fluoride
substrates for human pancreaticR-amylase. Substrates in
which the 4-hydroxyl group at the non-reducing end of the
oligosaccharide was methylated were consistently better
substrates, again presumably because there were no solution
phase hydrogen-bonding partners that would be left unsatis-
fied at the transition state (51). Thus, while the dataset is
less extensive in the case of Bcx, nonetheless a self-consistent
pattern of hydrogen-bond polarities and strengths once again
emerges between the crystallographic and the kinetic data.

CONCLUSIONS

A remarkably good agreement on the contributions of
specific hydrogen-bonding interactions to catalysis by two
different xylanases has therefore been found between the two
different approaches employed: modification of the substrate
to ablate the interaction or modification of the enzyme. The
interaction strengths measured were consistent with the nature
of the hydrogen bonds involved: charged or neutral.
Particularly important was the demonstration, for the first
time, of the recruitment of both uniform and differential
binding interactions in the active site of a single enzyme.
This provides a useful model for how exo-site activation is
achieved in these and other enzymes such as proteases. No
specific long-range conformational changes need to be
invoked: a simple tethering effect is sufficient.
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